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Laboratory of Biosensors and Bioelectronics, Institute for Biomedical Engineering, ETH Zurich, Zurich, SwitzerlandABSTRACT An original method is presented to study single-colloid interaction with a substrate in liquid environment. Colloids,
either in solution or adsorbed on a surface, are fixed by suction against the aperture of a microchanneled atomic force micro-
scopy cantilever. Their adhesion to the substrate is measured, followed by their release via a short overpressure surge.
Such colloid exchange procedure allows for 1), the quick variation of differently functionalized colloids within the same experi-
ment; 2), the investigation of long-term interactions by leaving the colloids on a surface for a defined time before detaching them;
and 3), the inspection of irreversible interactions. After validation of the method by reproducing literature results obtained with
traditional colloidal atomic force microscopy, the serial use of colloids with different surface functionalization was shown on a
micropatterned surface. Finally, concanavalin A-coated colloids were allowed to adsorb on human embryonic kidney cells
and then detached one by one. The adhesion between cells and colloids was up to 60 nN, whereas individual cells adhered
with 20 nN to the glass substrate. A cellular elastic modulus of 0.8 kPa was determined using the attached colloid as indenter.INTRODUCTIONColloids in the nanometer to micrometer scale are present
everywhere in our life, from the ink on this paper, to the
milk in the morning and the exhaust fumes of our cars.
They are a part of our consumer goods as well as of our
waste. In research applications, colloids are used as means
of transport (1), detection (2), and measurement (3).
Colloidal probe atomic force microscopy (AFM) was
developed in the last twodecades (3–5) to investigate the inter-
action forces between single colloids and a substrate. Either a
single, spherical colloid is glued precisely (6) to a tiplessAFM
cantilever, or the apex of an AFM pyramid is rounded to as-
sume the shape of a half-sphere. Colloidal AFM has since
beenused tomeasure forces in the pico- to nanoNewton range:
Examples range from hydration forces at the nanoscale (5) to
mechanical properties of soft matter such as cells (7) or poly-
mer films (8).Colloidal probes are generally the preferredway
to quantify interfacial forces with AFM, for theory requires
the contact radius to be much larger than the separation dis-
tance (6,9–11), which is not the case for standard AFM pyra-
midal probes with a tip curvature down to 10 nm.
Yet, colloidal AFM is affected by some inherent limita-
tions: Most colloidal experiments are carried out in buffer
and any exchange of the AFM probe results in a waiting
period to stabilize the signal drift. Drift is also the reason
why contact times above a few minutes between colloid
and surface have not been studied. Contamination and
degradation of the colloid surface further limit the lifetime
of a colloid probe, therefore most data have to be collected
using fresh probes. Experiments with living cells, for
example, have been limited to three data points per tipSubmitted March 11, 2013, and accepted for publication June 3, 2013.
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0006-3495/13/07/0463/10 $2.00(7,11,12). Finally, colloidal probes with a chemical func-
tionalization cannot be simply exchanged during an experi-
ment, making measurements of different biomolecular
interactions on the same sample difficult.
In this work, we developed a strategy to overcome these
limitations by using fluid force microscopy (FluidFM)
(13,14) to manipulate single colloids. The tipless or pyrami-
dal microchanneled FluidFM probes transform the AFM into
a force-controlled micro syringe or micropipette (15–17).
A single colloid can be attracted to the aperture at the
end of the cantilever (see Fig. 1 A) by negative pressure. It
is either grabbed directly from the solution where it is sus-
pended or picked up from the substrate where it was previ-
ously adsorbed, as shown schematically in Fig. 1, B and C.
After use, for example for a force spectroscopy, it can be
released by applying a quick overpressure pulse. Thus,
FluidFM offers unprecedented flexibility to investigate sin-
gle-colloid interactions:
The user has the freedom to exchange the colloid probe
anytime, eventually using each time a differently
functionalized colloid.
By grasping a fresh colloid for each force spectroscopy
curve, the first contact with the substrate can be inves-
tigated in statistically relevant numbers. This allows
exploring strong repetition-dependent interactions,
where the first few contacts bear the most valuable in-
formation.
The colloids can be previously spread on the substrate,
interact for a defined time and finally be detached.
This enables the investigation of long-term interac-
tions, whereas the same cantilever can be used to
quickly detach the colloids one by one.
To demonstrate the feasibility of these concepts, we de-
signed the following experiments:http://dx.doi.org/10.1016/j.bpj.2013.06.002
FIGURE 1 (A) Scanning electron micrograph of a FluidFM tipless mi-
crochanneled cantilever with a 2-mm circular opening at the end. A spher-
ical colloid can be attached to the aperture by underpressure in two ways:
(B) the colloid is grabbed from a separate reservoir and transferred to the
target substrate; and (C) the bead is picked up directly from the substrate.
In both cases the colloid is released after use by a short pressure pulse.
Bio
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for a system where COOH-coated polystyrene beads
interact with a clean glass substrate (18).
Versatile exchange of colloids with different chemical
functionalization was shown for the biotin-avidin
interaction on an opportunely micropatterned surface.
Colloids were adsorbed on a nonconfluent cell layer on
the one hand to measure the adhesion between conca-
navalin A (ConA)-coated colloids and human embry-
onic kidney (HEK) cells, and on the other hand to
determine the elastic modulus of the cells.FIGURE 2 From resistance to flow. The electrical resistance of the
FluidFM channel with an attached bead was measured and the leak flow
was calculated via simulations. (A) A nanometric average gap due to the
contact roughness between bead and cantilever allowed the buffer solution
to conduct electrical current between inside and outside (B, triangles). By
analyzing the occurring electric and hydrodynamic resistance in a FEM
model, the measured electric resistance could be converted into a corre-
sponding volumetric flow (B, circles).MATERIALS AND METHODS
Characteristics and preparation of FluidFM
cantilevers
The FluidFM cantilevers were supplied by Cytosurge (Zu¨rich,
Switzerland). For this study, 200-mm-long, 36-mm-wide tipless cantilevers
were used with a channel height h of 900 nm and a wall thickness ofphysical Journal 105(2) 463–472300 nm, whereas the circular opening at the end of the cantilever had
a diameter do of either 2 mm or 10 mm (14). All cantilevers were already
mounted on a CYTOCLIP (Cytosurge). The clip was designed to fit
on an AFM probeholder (Nanosurf, Liestal, Switzerland) modified for
FluidFM applications.
The spring constant was determined for each cantilever using the Sader
method (19) with a script supplied by Nanosurf. It was typically between
0.5 N m1 and 3 N m1. The sensitivity was recalibrated each time the me-
dium was changed.
Before an experiment the fresh cantilever was cleaned for 2 min in air
plasma (PDC-32G; Harrick Plasma, Ithaca, NY) and then immediately
immersed in Poly(L-lysine) (20)-g[3.5]-poly(ethylene glycol) (2) (PLL-g-
PEG; SuSoS, Du¨bendorf, Switzerland) 0.1 mg/mL in 10 mM HEPES þ
150 mMNaCl buffer (HEPES2). After a minimum of 45 min of immersion,
the cantilever was rinsed with MilliQ water (Merck Millipore, Billerica,
MA) and was ready for the experiment.
The over- and underpressure in the FluidFM cantilever was established
with a pressure controller (Cytosurge) in a range from 800 mbar
to þ1000 mbar with 1 mbar resolution and a response time of 200 ms.Colloidal beads
Polystyrene beads were bought already functionalized (Micromod Partikel-
technologie, Rostock, Germany).Their diameter db was chosen according to
the restrictions imposed by the cantilever geometry. The minimal suitable
colloid diameter dmin was determined as function of the opening diameter
do of the aperture and the height h of the channel (as illustrated in
Fig. 2A, where the equation is valid only if db > do and db > 2h):
dmin ¼

do
2
2 þ h2
h
:
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10-mm opening we used db ¼ 50 mm. The vertical force Fv fixing a colloid
to the cantilever could be calculated using the typical suction p of 750 mbar
and the area of the cantilever opening,
Fv ¼ p

do
2
2
p:
Assuming tight sealing between cantilever and bead, this resulted in forces
Fv of ~230 nN for the 2-mm opening and ~6 mN for the 10-mm opening. The
lateral fixation force Fl depends of the torque T created by the suction and of
the vertical distance dvz db, which the colloid creates between cantilever
and substrate. The torque T can be found through an integration of the circle
chord along the diameter of the opening,
T ¼ p
Zdo
0
2x

dox  x2
0:5
dx;
T
Fl ¼
dv
:
For a 3-mm bead, this results in a lateral fixation force Fl of ~100 nN. How-
ever, the potential rotational freedom might lead to higher effective lateral
forces before the bead loses its fixation.Colloid sealing the cantilever: fluorescence
measurement
The fluorescence images were taken with a C9100-13 camera (Hamamatsu
Photonics, Tokyo, Japan) on an AXIO OBSERVER microscope with
COLIBRI illumination (Carl Zeiss, Jena, Germany). Epifluorescence im-
ages were taken while illuminating with a 470-nm LED (423052-9050-
000; Carl Zeiss) and using the 38HE filter set (Carl Zeiss).
The leak flow was observed for a cantilever with 2-mm opening with a
bare bead attached (MICROMER 01-00-303; Micromod Partikeltechnolo-
gie). The channel was filled with 1 mg/mL fluorescein sodium salt (F6377;
Sigma-Aldrich, Saint Louis, MO) in PBS buffer (P4417; Sigma-Aldrich).
The bare beads were suspended in PBS buffer and then attracted by the
cantilever with 150 mbar suction pressure. The fluorescence solution in
the cantilever was replaced by buffer within 1 s when suction was applied.
The corresponding flow was calculated and measured to be ~150 fL s1
mbar1 as shown in Fig. S1 in the Supporting Material. A soon as the
bead blocked the entrance, fluorescein could diffuse back into the channel
coming from a reservoir of 5 mL in the CYTOCLIP, only hindered by po-
tential leak flow.
The expected diffusion of fluorescein in the blocked channel was calcu-
lated applying Fick’s laws (20) and using the software MATHEMATICA
(Wolfram Research, Oxfordshire, UK). The diffusion constant of fluores-
cein in buffer was assumed to be 2.7  1010 m2 s1 (21).Colloid sealing the cantilever: impedance
measurement
The microchannel of FluidFM cantilever with 2-mm opening was electri-
cally contacted through the CYTOCLIP with a homemade connector based
on a silver chloride-coated silver wire. The electrical ground electrode from
the same material was placed in the buffer solution.
The impedance was measured using a PICO 2 (TECELLA, Foothill
Ranch, CA) clamping the voltage at 10 mV. A self-written LABVIEW (Na-
tional Instruments, Austin, Texas) script was used to evaluate and visualize
the data.The dielectric bead (MICROMER 01-00-303; Micromod Partikeltechno-
logie) was attracted with 150 mbar suction pressure. As soon as the colloid
was fixed at the cantilever opening, the suction pressure was swept from 5 to
600 mbar (Pressure Controller; Cytosurge) while measuring the electrical
current. The impedance was then calculated with Ohm’s law. The experi-
mental data of the impedance were correlated to an equivalent flow in the
microchannel using COMSOL (Comsol Group, Stockholm, Sweden). The
assumption was that the electric current past the dielectric bead was due
to roughness of the bead and the cantilever as illustrated in Fig. 2 A. This
was approximated by an average gap distance g between the two, which
was varied 0.01–10 nm. It was found that only the geometry just around
the contact zone had any influence on the flow. For each gap distance g
the hydrodynamic- and the electrical resistance could be calculated. The
hydrodynamic resistance Rh scaled with g
2 and the electric resistance Re
scaled with –ln[g], as shown in Fig. S7 and Fig. S8. Simple analytical ap-
proximations supported these scaling laws and showed <20% numerical
difference to the simulations (see the Supporting Material). The relation be-
tween Rh (Pa s m
3) and Re (Ohm) was empirically derived as
Rh ¼ 2245  e
2:006ðReþ3:92 106Þ
2:69 105 :
Thus, the measured resistance data were converted into an equivalent volu-
metric flow Q,
Q ¼ Dp
Rh
;
where Dp is the applied pressure difference.Adsorption of COOH-coated beads on glass
Glass substrate preparation
The glass substrate was thoroughly cleaned before the measurement accord-
ing to a protocol of three cycles of 10-min washing with different liquids in
the ultrasonic bath (T 710 DH; Elma Hans Schmidbauer, Singen, Germany)
and rinsing with MilliQ water. To begin, we used COBAS CLEANER
(Roche, Basel, Switzerland), then isopropanol, and finally MilliQ water.
At this point, the substrate was dried with a nitrogen blower, cleaned for
2 min in air plasma, and immersed into 1 mM PBS buffer.
Bead preparation and measurement
One microLiter of COOH-coated beads (MICROMER 30-02-303; Micro-
mod Partikeltechnologie) was mixed into 4 mL of 1 mM PBS. The 3-mm
large beads were picked up with a FluidFM cantilever with a 2-mm opening
from their stock petri dish (GWSB-5040; WillCo Wells, Amsterdam,
Netherlands) and then transferred through air to the petri dish with the
cleaned glass substrate. The transfer took <10 s. This two-dish approach
was preferred to avoid the noise induced in the photodiode by the floating
colloid particles, which disturbed the AFM laser.
Force spectroscopy curves were recorded with a setpoint of 5 nN and a
speed of 100 nm s1. A contact area of ~5 1016 m2 was calculated using
the JKR model (22). With the same attached bead, the contact time was sys-
tematically varied 0.1–10 s, repeating each measurement at least 20 times at
different points on the substrate. The data were analyzed with SPIP (Image
Metrology, Hørsholm, Denmark).Exchange of beads on micropatterned substrate
Pattern preparation
The clean glass surface was patterned with a microcontact printing protocol
from Csucs et al. (23). The polydimethylsiloxane (PDMS) stamp had aBiophysical Journal 105(2) 463–472
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2 mm. PLL (20)-g[3.5]-PEG (2)/PEG(3.4)-biotin(50%) (SuSoS) was mixed
with PLL (20)-g[3.5]-PEG (2)/FITC (SuSoS) 1:1 in a concentration of 1 mg
mL1 in HEPES2. A drop of this fluorescent and biotinylated solution was
then placed on the freshly cleaned stamp and left there for 1 h in the dark.
The glass substrate was air-plasma-cleaned for 2 min just before the stamp
was pressed on it for 15 s. The glass was then thoroughly rinsed with MilliQ
water and backfilled with PLL-g-PEG 0.1 mg mL1 in HEPES2. After 1 h
incubation, the substrate was rinsed again with MilliQ water and immersed
in HEPES2.
Bead preparation and measurement
Two types of beads were used: bare (MICROMER 01-00-303; Micromod
Partikeltechnologie) or-coated with avidin (MICROMER 01-18-303; Mi-
cromod Partikeltechnologie). A quantity of 1 mL of stock bead solution
was diluted in 4 mL HEPES2 and then kept in separate petri dishes for
each type. A selected colloid was then sucked against the aperture just
before use and transferred onto the patterned substrate.
Force spectroscopy curves were sampled with a setpoint of 50 nN and a
speed of 750 nm s1. The contact area of ~4 1014 m2 could be calculated
using the JKR theory (22) in combination with the radius of gyration of the
PEG chain (24).Adhesion of human embryonic kidney cells 293 to
concanavalin A beads
Preparation of HEK cells
The human embryonic kidney cells 293(HEK) cells were cultured in a me-
dium containing the following ingredients: 450 mL Dulbecco’s Modified
Eagle Medium (DMEM, Cat. No. 41965; Life Technologies, Carlsbad,
CA), 50 mL fetal bovine serum (heat-inactivated Cat. No. 10082147; Life
Technologies), 10 mL L-glutamine 200 mM (Cat. No. 25030024; Life Tech-
nologies), 0.2 mL gentamicin 50 mg/L (Cat No. 15750060; Life Technolo-
gies) and 1 mL zeocin 100 mg/mL (Cat. No. R25001; Life Technologies).
When the cells were 60% confluent in a 25 cm2 flask (SPL Life Science,
Gyeonggi-do, Korea) they were washed with PBS and then incubated with
1 mL 0.01% trypsin (Cat. No. 25300054; Life Technologies) in PBS for
2 min. At this point, 10 mL of medium was added, and the solution was
centrifuged at 1500 revolutions per min for 2 min. The supernatant was
removed and 5 mL fresh medium was added. A quantity of 1–3 drops of
this concentrated solution were added to a glass-bottom petri dish (WillCo
Wells) filled with 3 mL medium. After 18 h of incubation, the cells were
ready for the experiments.
Preparation of ConA colloids
Streptavidin-coated polystyrene beads with a diameter of 50 mm were used
(MICROMER 01-19-504; Micromod Partikeltechnologie). A protocol
adapted from Friedrichs et al. (25) was applied to bind ConA-Biotin
(C2272; Sigma-Aldrich) to the beads. First, 100 mL of the pure bead solu-
tion was centrifuged at 10,000 revolutions per min for 2 min. The superna-
tant was removed and 100 mL of ConA-Biotin solved as 0.3 mg mL1 in
PBS was added. After 30 min of incubation at room temperature, the solu-
tion was centrifuged again, and the supernatant was replaced with PBS. Af-
ter repeating the washing step three times, the ConA-functionalized beads
were stored at 4C.
Measurement
A quantity of 10 mL of the ConA colloid solution was added to the petri dish
with the adsorbed cells. The beads settled and could bind to the HEK cells
for 1 h at 37C.
To measure the long distance adhesion of HEK cells (longer than the
10-mm piezo course), a home-built AFM was utilized. A linear motorBiophysical Journal 105(2) 463–472(M-227.10; Physik Instrumente, Auburn, MA) allowed moving the canti-
lever vertically with a resolution of 4 nm for up to 1 cm. FluidFM cantilever
with an opening of 10 mm were used with an underpressure of 750 mbar to
grab the colloids. After grabbing, we never observed that the colloid moved
or detached from the cantilever.
The force spectroscopy procedure was carried out in an incubator with air
heated at 37C without CO2 control. It was started a few micrometers above
the colloid andwas endedwheneither the cell detached from the surface or the
colloid from the cell. A speed of 1 mm s1 was used and the setpoint for the
returnwas set to 10 nN,where a pause of 5 s allowed the bead to properly con-
nect with the cantilever. Although themotor was used to record the retraction
curves, the forward curveswere still controlled by the piezo because of its bet-
ter spatial resolution to properly extract the young’s modulus.
The data were analyzed with the Scanning Probe Image Processor (SPIP,
NanoScience Instruments, Phoenix, AZ) software for the maximum adhe-
sion as well as the apparent Young’s modulus. Cases where the bead was
not located on top of the middle of the cell were discarded for the Young’s
modulus calculation, because the bead could have partially touched the
glass as well. Such bead-glass contact could indeed be detected in the for-
ward curve by observing an ideally steep slope.Errors
In this work, results were indicated with the corresponding standard devia-
tion of the statistical data analysis. Nonetheless, each datumwas affected by
an uncertainty estimated as follows:
—AFM forces and Young’s modulus: 20% relative error introduced by
the spring constant.
—Fluorescence intensity measurements: 20% relative error due to back-
ground selection.
—Electrical resistance measurements: 5% relative error due to resis-
tance offset selection.
For the simulations, 1% relative error was estimated as consequence of the
finite element meshing and the fitting of the results.RESULTS AND DISCUSSION
Strong connection between colloid and cantilever
Typically, colloids are glued to the cantilever for colloidal
AFM. The exact alignment of AFM tip and colloid is crucial
at this step because it influences both sensitivity and
the effective spring constant of the setup. With FluidFM,
the colloid is automatically centered on the opening of the
cantilever, the energetically most stable position. The fixa-
tion strength depends on the suction force, and therefore
on the pressure gradient across the bead-cantilever contact.
This pressure distribution is directly linked to the leak flow
across the bead. With a large leakage, there would be min-
imal pressure drop, while with a perfectly tight seal the
full pressure would hold the bead in place.
Therefore, it was essential to determine whether the beads
would seal the cantilever tightly. We investigated the seal
between colloid and FluidFM probe using fluorescence
and electrical impedance. Both measurements indicated
that the leak flow past the bead is in the attoLiter s1 range.
In effect, the applied pressure in the channel dropped exclu-
sively across the bead originating strong fixation forces up
to a few mN, which explained the observed mechanical
Exchangeable Colloidal AFM Probes 467stability of the beads. We also never observed that the
applied underpressure had any influence on the measured
adhesion forces or on the noise level.
For the leakage measurements, the cantilever was filled
with FITC solution while the surrounding medium was plain
buffer. The fluorescent channel content was then replaced
with buffer by applying a 1 s suction pulse. After a bead
blocked the channel opening, the fluorescence partially
recovered within minutes while under pressure was still
applied (see Fig. S3). A numeric calculation suggested
that unhindered FITC diffusion could explain the measured
data alone. We concluded that the <0.1 pL s1 diffusion of
the fluorophore in the channel was much greater than the
leak flow past the bead.
The leak flow was further quantified by electrical mea-
surements. The impedance was measured through the canti-
lever channel while a polystyrene micro bead was attached
to its opening. Finite element method (FEM) simulations
were used to extract a leak flow out of these measurements.
For the FEM model, it was assumed that the measured leak
current was due to an average gap between colloid and tip
caused by nano-roughness of bead and cantilever, as illus-
trated in Fig. 2 A. The calculated flow was ~aL s1 for
typical suction pressures and is depicted in Fig. 2 B. This
corresponded to an average gap size of <0.1 nm, indicating
that, in fact, the majority of the ~6-mm-long bead-cantilever
contact line was tightly sealed. Probably only a few nano-
meter-sized holes were present due to the surface roughness.
Leak current and flow both decreased with increasing suc-
tion, which could be due to the elasticity of the polystyrene
microbead. Thus, with increasing suction force, more of the
roughness-induced nano holes could be sealed. As control of
the tip integrity, its opening was blocked by pressing it
against dielectric PDMS in buffer solution, resulting in an
open circuit as expected.
A tight seal between colloid and cantilever implicates a
vertical fixation force up to a few mN depending on the
opening radius (see the Materials and Methods). The lateral
fixation force does not exceed 100 nN, depending on the
bead diameter and the opening radius. With a friction coef-
ficient of 0.1, this results in allowed scanning forces up to
1 mN. However, any lateral force between substrate and
bead potentially leads to a rotation of the bead rather than
its translation. In fact, we never lost any beads during
such experiments.FIGURE 3 COOH-coated polystyrene beads on glass. Comparison be-
tween colloidal FluidFM and standard colloidal AFM. (A) (Solid triangles)
Reference data, courtesy of Li-Chong Xu (18). (Open triangles) Data
collected in this study. (Bars) Respective standard deviation. (B) A retrac-
tion curve measured for a 2.5 s contact with the glass substrate.Validation of the colloidal FluidFM against
selected colloidal AFM results from literature
To validate the concept of colloidal FluidFM, a benchmark
measurement with glue-attached beads was chosen from Xu
and Logan (18), based on a comparable setup. In both cases,
the colloid beads were 3 mm in diameter and consisted of
polystyrene functionalized with COOH (18). The colloid
was brought into contact with a clean glass slide using ~5nN of force and different residence times up to 10 s.
Fig. 3 shows both the reference data (18) and our measure-
ment (n ¼ 20 contacts per data point).
The results obtained with standard colloidal AFM and
FluidFM measurement agree within the standard deviation.
This proves that our setup can be used to gain quantitative
data on colloid-substrate interactions.
It has to be kept in mind that two main discrepancy fac-
tors cannot be eliminated:
1. The beads in the literature were from a different manu-
facturer, and thus may differ in surface chemistry (22),
although would be nominally the same, and its elasticity
as well. Both properties affect the adhesion behavior and
the contact area.
2. The probe calibration typically gives an error to the AFM
cantilever spring constant of 10% or more (26). This is
pronounced for colloidal AFM tips, as the exact position
of the colloid influences the effective spring constant (10).Rapid exchange of beads with different chemical
coatings
The lifetime of a functionalized colloid probe can be as
short as a few contacts because of contamination (27),
because the investigated molecules unfold irreversibly
(28) or because they detach from either the colloidal orBiophysical Journal 105(2) 463–472
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are available for purchase, financial costs are not the only
argument against replacing them in large numbers. Each
exchanged cantilever has its own spring constant altering
the sensitivity of the setup. As a side effect of the cantilever
exchange, the system is a drifting one with typical waiting
periods of ~1 h (30).
With the FluidFM we have the possibility to exchange the
colloidal probe by applying a positive pressure pulse fol-
lowed by the attraction of a new colloid from the solution.
The colloids can either be spread directly on the surface
or are kept in a dedicated reservoir from which they are
picked up and transferred onto the substrate.
In this proof-of-principle experiment, we used 3-mm
polystyrene beads to measure their adhesion forces on the
different chemical domains of a micropatterned surface.
We chose the widely used biotin-avidin system to generate
a contrast against a PLL-g-PEG background. The avidin-
biotin bond is among the strongest noncovalent interactions,
and known for its high affinity (31,32). Here we used PLL-
g-PEG-biotin on the substrate while the avidin was bound to
the bead. In contrast, pure PLL-g-PEG impedes unspecific
binding of proteins (24) and was used as passivation. Shown
in Fig. 4 A is an epifluorescence image of the chessboardFIGURE 4 Exchangeable colloids on a micropatterned surface. (A) Fluo-
rescence image of the pattern obtained by microcontact printing: (Bright
squares) biotinylated PLL-g-PEG-FITC; (dark areas) covered with bare
PLL-g-PEG. The cantilever is visible as shadow due to a high fluorescence
background. The average forces on six adjacent squares probed with avidin-
coated beads are indicated in [nN] with the respective standard deviation.
(B) A typical curve recorded for an avidin-coated bead on PLLgPEG-biotin.
Biophysical Journal 105(2) 463–472patterned glass substrate as obtained by microcontact
printing. Bright squares were functionalized with PLL-g-
PEG-biotin and dark squares were coated with repellent
PLL-g-PEG. The pattern was then probed with both
avidin-coated and plain polystyrene beads. Each type of
bead was kept in a separate petri dish. Before measurement,
a bead was picked from its source petri dish and transferred
through air to the dish containing the substrate pattern.
Switching between the bead reservoir and the substrate
took typically <10 s. The cantilever remained wet and
caused a measurable setpoint drift for less than a minute af-
ter exchange of the colloid probe. Stable force spectroscopy
curves could be recorded as soon as the substrate pattern
was approached again.
A clear pattern (Fig. 4A)was visible for the adhesion of the
avidin-coated beads, which held to the PLL-g-PEG -biotin
regions with 115 1 nN and to the plain PLL-g-PEG regions
with 3.750.3 nN (2 beads, 12 contacts each). The bare beads
were not responsive to the surface pattern and showed no
adhesion (<0.3 nN noise, 2 beads, 12 contacts each). This
experiment confirms that the exchange of the colloid probe
by FluidFM and the transfer from a dedicated reservoir is
feasible. It also confirms that force maps can be acquired us-
ing colloidal FluidFM. By only switching the colloid instead
of the whole cantilever the drift is limited, enabling immedi-
ate measurement of adhesion forces.
The measured nonzero adhesion between avidin-coated
beads and the PLL-g-PEG layer is attributed to an imperfect
PLL-g-PEG coating, which can be a batch-dependent issue.
This allowed the avidin molecules to contact the glass sub-
strate directly and adhere on it unspecifically. The unspecific
adhesion of avidin beads to clean glass was measured 65 2
nN (15 contacts), which was stronger than on the imperfect
PLL-g-PEG layer. In a control experiment, free PLL-g-PEG
was added to the buffer to block unspecific interactions on
the patterned surface and adhesion was no longer observed.
Even the avidin-biotin interaction was blocked, which indi-
cates that the polystyrene/avidin bead was coated by the
PLL and thus encased by a PEG shell. This is expected
from Dusseiller et al. (33). Also, the avidin-biotin interac-
tion could no longer be measured if free biotin was added
to the buffer. This saturated the avidin molecules on the
colloid surface, and confirms the specificity of the interac-
tion. Another control experiment measured the adhesion
of plain beads on a clean glass substrate to be negligible.
This is consistent with the results from Xu and Logan
(18), and explains why the plain beads showed zero adhe-
sion even on an imperfect PLL-g-PEG layer and thus with
direct access to the glass substrate.
Taking into account the surface density of avidin on the
beads and the contact area given by the JKR theory and the
thickness of the PLL-g-PEG layer, ~140 avidin molecules
contribute to the adhesion. With a reported binding strength
of ~160 pN per avidin-biotin bond (34), this gives a theoret-
ical maximum adhesion of ~22 nN. Adhesion curve shape
Exchangeable Colloidal AFM Probes 469implies, however, that not all connections were broken at the
same time, which resulted in a smaller maximum adhesion
that scales with the number of available bonds.
Repeated contact between the same avidin-coated bead
and the PLL-g-PEG-biotin-coated surface resulted in a
decay of contact adhesion. Fig. 5 shows the adhesion
normalized by the first contact. The adhesion gradually
dropped to <40% of the initial value after only 10 contacts
(n ¼ 10 beads). This could be due to PLL backbone being
stripped from the surface because the biotin-avidin interac-
tion is stronger than the electrostatic force holding PLL on
the glass surface.
Similar results were reported for biotin tethered to a lipid
bilayer by PEG (35) and dioctadecylamine (36). Even for
biotin bound to agarose, a drop of adhesion was observed
during the first 100 contacts (35). For these and other rapidly
decaying systems, colloidal FluidFM could become an effi-
cient alternative.Application in cell biology measuring adhesion
and elastic modulus of HEK cells
Another strategy possible with FluidFM is to spread the col-
loids directly onto the substrate and then detach them one by
one. This enables long interaction times between colloid and
substrate, and exploration of many different substrate sites
each with a fresh bead in quick succession. We applied
this protocol to study the interaction between human embry-
onic kidney 293 cells (HEK) and concanavalin A (ConA)-
coated polystyrene beads.
HEK cells are popular in the field of electrophysiology
(37) but only a few studies have tried to quantify their me-
chanical and adhesion properties (17,38,39), which will
represent the reference for our work. ConA is known to
bind to the manose residues on the cell membrane strongly
enough to be used for single cell force spectroscopy (SCFS)
(25,40,41). In standard SCFS experiments, single cells are
linked chemically to an AFM tipless cantilever to measureFIGURE 5 Decay of the maximum adhesion during the first 10 contacts
of avidin-coated beads on PLL-g-PEG-biotin. The values are normalized
with respect to the first contact adhesion of each measurement (10 beads),
whereas the bars indicate the standard deviation. The decaying trend was
observed for each bead.their adhesion to a substrate. Typically, in SFCS, only one
cell can be examined per cantilever, as the interaction be-
tween cell and ConA cannot be established a second time
and thus is irreversible. Additionally, long contact times be-
tween the ConA-coated surface and the cell are needed to
measure stronger cell-substrate adhesion forces. This either
limits the incubation time of the cells to a few minutes, so
they cannot spread and adhere too strongly, or it drastically
reduces the acquired data points per experiment if fully
spread cells are investigated (42). This drawback was
recently improved by detaching cells from substrate directly
with FluidFM (17).
Using colloidal FluidFM, we designed an experiment
combining a long contact time with a quick succession of
probed cells. We could assess both the adhesion between
cell and substrate as well as between cell and bead. Only
one cantilever was utilized per experiment day without
any contamination issues. In addition, the apparent elastic
modulus of the cells could be obtained from the same exper-
iment by pushing the adsorbed bead against the underlying
cell before detaching it, and employing the Hertz model for
a spherical indenter.
The HEK cells were cultured on a glass dish for 18 h and
were observed to grow in large confluent groups with only
few single, double, or triple cells. Then 50-mm beads were
added to the dish and were left to sediment and adhere for
60 min. Detachment of the colloids from the cells was per-
formed using a FluidFM cantilever with 10-mm opening and
an expected bead fixation force of ~6 mN. The colloids
showed measurable adhesion to the cells only during the
first retraction, as expected. A second contact never did orig-
inate significant adhesion even if sustained for several mi-
nutes (smaller than the 1 nN noise background).
Two different responses could be observed, depending on
how many cells were growing together:
1. When picked up from large cell groups, the beads de-
tached from the cells with a maximum adhesion force
of ~60 nN and a minimum force of 10 nN (20 beads).
2. When picking the beads from up to three connected cells,
the cells detached from the substrate with the adhesion
force linearly dependent of the number of cells. The
adhesion force per cell was 205 3 nN (9 cells). Larger
cell clusters (4þ) could not be detached, which is ex-
pected considering the maximum adhesion of a bead to
the cells of 60 nN and the individual adhesion of a cell
to the substrate of 20 nN.
In Fig. 6, A and B, the detachment of a fully spread cell is
shown: As the cantilever retracted from the surface, the cell
footprint decreased while the cell elongated and finally de-
tached. The cell remained stuck to the bead after detaching
from the surface. A force curve of such a single cell detach-
ment is shown in Fig. 6 C.
The 20 5 3 nN adhesion per individual cell is slightly
lower than reported (33 5 9 nN (17)) where HEK wasBiophysical Journal 105(2) 463–472
FIGURE 6 (A) A ConA-coated bead is adsorbed on top of a single HEK
cell while the cantilever is visible as shadow. (B) After grabbing the bead
and retracting the cantilever, both bead and cell are out of focus. This indi-
cates that the cell is also completely detached from the surface. (C) Retrac-
tion curve of a single cell.
470 Do¨rig et al.directly picked up with FluidFM, which could be due to the
shorter incubation time of the cells in our study.
The measured adhesion forces between beads and cells
were in the range reported for SCFS (41), where cells are
linked to an AFM cantilever using ConA. In contrast, forces
between a 10-mm plain latex bead and HEK cells were re-
ported to be 2–3 orders of magnitude smaller (43).
Along with the adhesion strength, the elasticity of the cell
is an equally interesting physiological indicator. It can be
used to distinguish cancerous from noncancerous cells
(44,45), and can reflect changes in the chemical environ-
ment (39). Here the apparent elastic modulus of the cells
could be extracted from the forward force versus separation
curves using the Hertz model (46) for spherical indenters.
The Young’s modulus resulted in a value of 0.77 5
0.68 kPa (15-cell cluster). No relation was found between
the Young’s modulus and the size of the cell cluster. The
measurement was in agreement with reported values of
~1 kPa for HEK cells by other groups (38,39).CONCLUSION AND OUTLOOK
This study shows that FluidFM in combination with colloids
can be a reliable and versatile alternative to colloidal probe
AFM. It opens the door to the investigation of irreversibleBiophysical Journal 105(2) 463–472and long-term biophysical interactions on a large scale.
Several applications can be envisioned based on the option
of exchanging the colloid probe and its functionalization at
any time, and to observe irreversible interactions.
Spreading the colloids on the substrate allows for long
interaction times without sacrificing throughput. This is
especially interesting for the study of cell-substrate interac-
tions, where the elastic modulus can also be acquired.
Instead of a flat substrate a coated colloid can present the
interface of interest to a confluent cell layer. This has not
been possible so far, because
1. More than one contact between cell and colloid would
already show artifacts of degradation and dirt in colloidal
AFM; and
2. Only individual cells could be studied with SCFS. It also
allows the study of many different colloid materials and
coatings in the same cell condition, by using, for
example, fluorescently coded colloids.
The inherent alignment of colloid and cantilever opening
should allow working with colloids smaller than ~0.5 mm,
where standard colloidal AFM reaches its limits. Experi-
ments with pyramidal FluidFM probes are being planned
and could potentially lead to the investigation of single
nanoparticles. With particle radii of<50 nm, the spatial res-
olution could even approach that of pyramidal AFM tips,
although the suction force keeping such small particles in
place is expected to be <0.5 nN.
The technique also enables the investigation of nonsolid
colloids where gluing of the colloid is not possible due to
its liquid or gaseous nature. Investigation of gas bubbles
in liquid or between immiscible liquids will be approached
in future projects.
The tight seal between colloid and cantilever results in
fixation forces strong enough to withstand typical AFM
operation. Although only vertical forces have been
addressed in this study, lateral forces and thus rotational
friction of single colloidal spheres could also be addressed
with FluidFM, which has never been reported in literature.SUPPORTING MATERIAL
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